bacteria to coordinate their metabolic activities with the daily solar cycle, and (7) proteinaceous membrane compartmentalized structures such as sulfur granules and gas vacuoles. Membrane-bound prokaryotic organelles were cons idered in a recent Journal of Molecular Microbiology and Biotechnology written symposium concerned with membranous compartmentalization in bacteria [J Mol Microbiol Biotechnol 2013; 23: 1-192]. By contrast, in this symposium, we focus on proteinaceous microcompartments. These two symposia, taken together, provide the interested reader with an objective view of the remarkable complexity of what was once thought of as a simple noncompartmentalized cell.
Introduction
The classical view of bacterial cell structure is that of a 'bag of enzymes' that mediates the essential catalytic functions of life. However, for several decades, this description of the prokaryotic cell has been known to be inadequate [Mathews, 1993] . Many prokaryotic cells possess membrane-bound structures that can be considered to be organelles as discussed in detail in a recent Journal of Molecular Microbiology and Biotechnology symposium [e.g. Saier and Bogdanov, 2013] . These organelles are usually specialized for a specific function such as photosynthesis [Drews, 2013; Woronowicz et al., 2013] , magnetic field detection [Lower and Bazylinski, 2013; Murat, 2013] and ammonium oxidation [van Teeseling et al., 2013 ; see also the article in this symposium entitled 'Focus on membrane differentiation and membrane domains in the prokaryotic cell' by Boekema et al.] . However, bacteria are known which appear to possess membranous nuclear envelopes superficially resembling eukaryotic nuclei [Fuerst and Sagulenko, 2013] . Further, outer membrane (OM) vesicles of Gram-negative bacteria are now known to function in communication, protection and pathogenesis, although such vesicular structures were thought to be largely limited to eukaryotes just a few years ago [Manning and Kuehn, 2013; Schertzer and Whiteley, 2013; Vasilyeva et al., 2013] . Finally, some intracellular organelles such as acidocalcisomes are ubiquitous, being present in bacteria, archaea and eukaryotes . These observations have led to new hypotheses regarding the evolution of eukaryotic organelles which may have had prokaryotic origins . It is now crystal clear that prokaryotes as well as eukaryotes possess the abilities to synthesize a large variety of membrane-bound organelles, many not found in eukaryotes [Arechaga, 2013; Bogdanov et al., 2013] .
Considerations of prokaryotic compartmentalization have prompted the formulation of a second Journal of Molecular Microbiology and Biotechnology written symposium, one dealing with proteinaceous machines and microcompartments. The result of this effort is the present compendium. We do not try to provide a comprehensive survey of such structures. Indeed, there are far too many such structures to allow inclusion of them all in a single volume. Instead, we have selected some well-characterized examples of bacterial protein machines/microcompartments that serve the cell in diverse capacities. Some of these will be discussed in detail in the contributions included in this symposium, while others will be briefly considered in this introductory article with reference to recent research and review articles. As hundreds of such machines actually occur in nature, these topics will provide rich sources of information as guidelines for future research.
The 'bag of enzymes' concept serves as a grossly inaccurate picture of a prokaryotic cell. We now recognize that few enzymes 'float' around in the cytoplasm, and that most enzymes form 'hyperstructures', some of them transiently, others permanently, allowing the direct flow of metabolites from one enzyme active site to another [Amar et al., 2008; Norris et al., 2007b] . This concept applies, for example, to the sugar-transporting phosphotransferase system and glycolysis [Barabote and Saier, 2005] , collections of transport/metabolic systems, including both biosynthetic and catabolic protein complexes [Norris et al., 2007a; Norris et al., 1999] and the bacterial flagellar and chemotaxis systems [Cabin-Flaman et al., 2005] . Indeed, most biologists now accept the notion that the majority of cellular reactions occur in microcompartments.
If the hyperstructural view of a bacterium, and thus of any living cell, is accepted, then a written symposium on microcompartments and protein apparati is both timely and relevant. It is our intent in organizing this symposium to be selective in describing some of the better characterized representative proteinaceous compartments.
Others, yet to be studied in detail, can be examined using similar molecular biological approaches.
The Bacterial Cytoskeleton
The cytoskeleton is a key regulator and central organizer of many eukaryotic cellular processes, including cell shape determination (morphogenesis), cell polarity, DNA segregation, cell division, phagocytosis, movement and macromolecular trafficking [Fuesler and Li, 2012] . Most cytoskeletal elements known from eukaryotic cell studies appear to be present in bacteria, where they perform vital tasks relevant to many aspects of cell physiology ( table 1 ) . Bacterial tubulins (FtsZ, BtubAB, TubZ, PhuZ), actins (MreB, ParM, MamK, AlfA, Alp7A) and intermediate filaments (IF; crescentin) are key elements in cell division, chromosome and plasmid segregation, and maintenance of proper cell shape, as well as in maintenance of cell polarity and assembly of intracellular organelle-like structures [Cabeen and Jacobs-Wagner, 2007; Madkour and Mayer, 2007; Wang and Shaevitz, 2013] . Although similar tasks are performed by eukaryotic cytoskeletal elements, the individual functions of specific bacterial tubulins, actins and IFs are in general different from those performed by their eukaryotic homologues, revealing a striking evolutionary plasticity of cytoskeletal proteins. However, similar to the functions of their eukaryotic counterparts, the functions conferred by bacterial cytoskeletal proteins are driven by their abilities to form dynamic filamentous structures [Pilhofer and Jensen, 2013] . Cytoskeletal elements were undoubtedly a prokaryotic invention, and additional bacteriumspecific filament-forming elements such as MinD-type ATPases provide functions apparently not found in eukaryotes. Similarly, bacteriofilins and several other novel cytoskeletal proteins that seem to lack homologues in eukaryotes have been identified in prokaryotes [Kuhn et al., 2010] . Modern imaging approaches are revealing their functional roles [Celler et al., 2013] . The study of these proteinaceous compartments provides fundamental information relevant to all types of cells. They can reveal the molecular modes of action of cytoskeletal filamentforming proteins found universally [Graumann, 2007] .
The tubulin-like protein, FtsZ, is a highly conserved cytosolic GTPase, present in most bacteria and in many archaea. It forms a ring (the Z ring) at the future site of cytokinesis and plays an essential role in cell division. Although the Escherichia coli FtsZ's primary amino acid sequence identity to eukaryotic tubulin is low ( ∼ 17%), its three-dimensional structure and assembly properties are remarkably similar to the eukaryotic homologues. Three other families of tubulin homologues have been described in bacteria (TubZ, BtubA/B, PhuZ) . TubZ is a highly divergent tubulin relative that plays a role in plasmid segregation in many Bacillus species [Larsen et al., 2007 ]. Another divergent tubulin-like protein, PhuZ, is encoded by a bacteriophage that infects Pseudomonas species [Kraemer et al., 2012] . PhuZ assembles dynamic polymers in vivo that position replicating phage DNA in the center of the cell. Unlike most other tubulins, where the role of the C-terminal tail is to interact with other proteins, the tail of PhuZ plays an essential role in polymerization. Acidic amino acids within the tail make direct contact with a patch of basic amino acids in the next monomer within a filament. BtubA and BtubB from the bacterial genus Prosthecobacter , display higher sequence identity ( ∼ 35%) and closer structural homology to eukaryotic tubulins. FtsZ tubulin diverged from a common ancestor early in evolution, whereas BtubA/B likely split from eukaryotic tubulin more recently. Their structural and organizational features have been reviewed [Souza, 2012] , but the functions of BtuBa and BtubB are unknown.
The MreB and Mbl (MreB-like) proteins of Bacillus subtilis are required for different aspects of cell morphogenesis. They assemble into helical structures that run along the length of the cell. However, they seldom act as single filaments and instead form complex superstructures [Popp and Robinson, 2012] . In addition to the highly conserved MreB subfamily of actins, bacteria contain many highly divergent actin-like proteins [Derman et al., 2009] . Most of the actin-like proteins are present on mobile elements, typically plasmids, where they likely participate in plasmid DNA segregation.
The Caulobacter crescentus coiled-coil-rich protein crescentin has been shown to assemble into filaments that play a key role in determining the curved and helical shapes of this bacterium [Ausmees, 2006] . The protein has biochemical properties and a domain structure similar to those of eukaryotic IFs. Crescentin localizes to the concave side of the bacterium along its inner surface, associating with the cell membrane [Souza, 2012] . Coiled coil-rich proteins are also required for the maintenance of helical cell shape in the human pathogen Helicobacter pylori [Waidner et al., 2009] , revealing a conserved function for this type of proteins.
In addition to homologues of eukaryotic cytoskeletal proteins (actins, tubulins and IFs), a subclass of filamentforming Walker A ATPases, belonging to the large MinDParA superfamily, has been categorized as a unique class of bacterial cytoskeletal proteins [Gitai, 2007] . They form ATP-induced dynamic filaments in vivo and play impor- [Dye and Shapiro, 2007] . In many bacteria, the constituents of the cytoskeleton appear to form a single interconnected dynamic network that coordinates many cellular functions [Barry and Gitai, 2011] .
Chromosomal and Plasmid Segregation in Bacteria
Chromosome segregation in eukaryotes is mediated by dynamic proteins such as tubulins, which polymerize into filamentous structures that are capable of rapid reorganization by means of cycles of depolymerization and repolymerization. The mitotic spindle, a network of microtubules, forms during prophase, attaches to the chromosomes and draws them apart. There seems to be a single segregation mechanism common to all eukaryotes [Wan et al., 2012] .
In prokaryotes, segregation is much less well understood, but evidence suggests that there is not just one mechanism -there are at least three. Each one is mediated by a different family of filamentous proteins that can undergo polymerization/depolymerization in different ways in response to different signals. Some of these proteins are tabulated with their functions in table 1 [Hazan and Ben-Yehuda, 2006; Jun and Wright, 2010] .
Among the proteins listed in table 1 , the SopA P-loop ATPase segregates F-plasmids in E. coli [Komai et al., 2011] . It functions in plasmid positioning and segregation in a process involving its ATP-dependent polymerization (demonstrated both in vitro and in vivo). A SopBsopC complex nucleates polymerization and colocalizes with SopA in the cell. The process is dynamic (as measured by fluorescence recovery after photobleaching) and mutants that lose their dynamic properties also cannot segregate plasmids. The mechanisms by which SopA and other ParA systems segregate DNA are still not fully understood. One current view suggests that ParA proteins form a self-organizing system that uses chromosomal DNA as a scaffold [Hwang et al., 2013] . It has been observed that filaments emanate from SopB-sopC in radial asters (spindle-like). Moreover, SopA polymerization occurs at the same rate as chromosomal or plasmid segregation. It may be that SopA polymerizes and depolymerizes continuously and moves plasmids across the nucleoid so that, in general, plasmids are well separated from each other. This ensures that each daughter cell obtains at least one plasmid. A schematic view of one model by which the segregation process occurs is presented in figure 1 [Bouet et al., 2007; Hatano et al., 2007; Hwang et al., 2013; Pillet et al., 2011] .
Bacterial actin-like proteins have been described that are involved in plasmid segregation and are divergent in both sequence and biochemical properties. The AlfA protein segregates plasmid LS32 in B. subtilis (2 copies/chromosome). It functions with AlfB (encoded by the downstream gene), which is its adaptor bound to the plasmid, and, during sporulation, with RacA (a sporulation chromosome-remodeling protein). Segregation during asymmetric cell division in sporulating cells is not dependent on SpoIIIE, the septal DNA translocase, and plasmid segregation requires that AlfA assembles into filaments. The turnover rate is <45 s (as measured by fluorescence recovery after photobleaching). Mutants that do not turn over cannot segregate plasmids and, thus, dynamic turnover is apparently required for segregation [Becker et al., 2006; Tanaka, 2010] . Alp7A from plasmid pLS20 forms polymers that display both dynamic instability and treadmilling [Derman et al., 2009] .
Plasmid segregation into the forespore of the B. subtilis differentiating sporangium provides an interesting case. The forespore is about 1/8th of the volume of the mother cell and, therefore, precise segregation is required. Segregation into the forespore compartment is twice as slow as in a racA mutant. The chromosomal Par proteins, Soj or Spo0J, as well as SpoIIIE, are apparently not involved, even though all 3 are required for chromosome segregation [Becker et al., 2006] . By analogy to AlpA, TubZ pushes low copy number plasmids towards opposite poles. Directional filamentous polymerization of a tubulin homologue, TubZ, in Bacillus species is GTP-dependent and exhibits a rate of ∼ 1 μm/ min. Treadmilling is observed; subunits are added at the positive end, and removed from the negative end of the filament. This process, called 'end assembly' [Larsen et al., 2007] , is rapid and reversible. Depolymerization can occur without energy at a rate of >2 μm/min. In this way, filaments are actively translocated unidirectionally through the cytoplasm. The same behavior is observed in many other bacteria. In elongated cells, the filaments can become >10 μm in length with little or no depolymerization. Polymerization and depolymerization apparently occur independently of each other.
The Bacteriorhodopsin Light-Driven Proton Pump
Bacteriorhodopsin is a homologue of mammalian rhodopsin [Yee et al., submitted] , but their functions are very different. While bacteriorhodopsin is present in archaeal membranes in a two-dimensional crystalline lattice called the 'purple membrane', smaller aggregates such as trimers may be present in bacterial membranes. In either case, bacteriorhodopsin pumps protons out of the cell in response to light absorption to generate a proton-motive force (pmf) [Lanyi, 2006] . By contrast, mammalian rhodopsin serves as a light receptor for the activation of nerves involved in vision [Palczewski, 2012] . Ion pumping is the primary purpose of bacteriorhodopsin and its closely related halorhodopsin, a chloride pump [Essen, 2002; Hirai et al., 2009; Schobert and Lanyi, 1982] . However, bacterial and archaeal homologues include sensory rhodopsins which activate phototactic systems through methylated chemotaxis proteins (MCPs) [Kawanabe et al., 2011; Klare et al., 2011] . Other homologues include channelrhodopsins which mediate ion fluxes in response to light-activated channel opening [Klare et al., 2008 ; Na- ParA is converted to a specific state (ParA-AXP) on the DNA carpet (and plasmid) upon ParB interaction, which tethers the partition complex to the DNA carpet. ParA-AXP converts to ParA-ADP and releases from the DNA carpet in the vicinity of the partition complex. ADP to ATP nucleotide exchange and a series of ATP-dependent transitions (black arrows) delay ParA reactivation for DNA binding, thus allowing ParA to diffuse before rebinding the DNA carpet. b ParB-stimulated release of ParA decreases the anchor points between plasmid and the DNA carpet, and the plasmid begins to 'wiggle'. This tethered Brownian motion accelerates the removal of ParA from the surrounding DNA carpet, creating a ParA-depletion zone. In the absence of spatial confinement, the partition complex releases from the DNA carpet when the last anchor point disassembles, and the ParA-depletion zone refills. c In a bacterial cell, the small gap between the inner membrane and nucleoid surface provides spatial confinement. Once a partition complex loses all anchor points and forms a ParA-depletion zone, its stochastic drift towards one direction would be reinforced by the high concentration of ParA contacts at its movement front. A reversal in direction would be suppressed by the ParA-depletion zone in the wake of movement. d A loss of interplasmid bridging within a partition complex leads to splitting of the complex. The split complexes would chase opposite slopes of the ParA gradient and separate. When two partition complexes approach each other, the converging motion would be stalled by the depletion of ParA between the two complexes, and their directions of motion would reverse. This figure was reproduced with permission from Hwang et al. [2013] . gel et al., 2005] . These proteins are all derived from a common ancestral protein of 4 transmembrane segments (TMSs) that duplicated internally to give an 8-TMS protein, and then, in many cases, an N-terminal TMS (or more rarely, a C-terminal TMS) was lost to give present day 7 TMS proteins [Shlykov et al., 2012; Yee et al., submitted] . Included in this superfamily are several families of transporters, receptors and integral membrane chaperone proteins [Shlykov et al., 2012; Yee et al., submitted; Zhai et al., 2001] . Their high degree of functional divergence is particularly unusual and noteworthy. The bacteriorhodopsin three-dimensional structure is known to 1.43 Å resolution [Schobert et al., 2002] (Protein Data Bank 1M0L). This is the highest-resolution structure currently available for a transmembrane transport protein. The structure, together with biochemical studies, has revealed the following details [Hirai et al., 2009; Lanyi, 2007] . Retinal (VitA aldehyde or retinaldehyde; one of the 3 forms of VitA, in the all-trans form) is nearly parallel to the plane of the membrane, bound to lysine 216 in the middle of helix G (helix 7). The internal cavity is divided into half channels, cytoplasmic and external half channels that comprise the two parts of the transmembrane H + pathway. In the resting state, the cytoplasmic half channel is more hydrophobic while the extracellular half channel is more hydrophilic with numerous bound water molecules. The N-terminus of the protein is outside, while the C-terminus is inside. The high-resolution structures revealed the exact hydrogenbonding patterns as well as the bound water molecules, both essential in understanding how the proton is transferred from donor to acceptor in each photocycle step.
In bovine rhodopsin, Lysine 296 (out of 348 aminoacyl residues, aas) in TMS 7 is equivalent to K 229 (out of 262 aas) in bacteriorhodopsin and is covalently linked to 11-cis retinal via a Schiff's base (SB), essentially the same as in bacteriorhodopsin. As for bacteriorhodopsin, the Nterminus is outside while the C-terminus is inside. Although the chromophore and the covalent linkage are the same in the two proteins, their functions are surprisingly different. The structures of retinal, free and in SB linkage to a lysine residue are shown in figure 2 .
Energy cycling in bacteriorhodopsin involves light (hυ) absorption which gives rise to photoisomerization of retinal from the all-trans configuration to the 13-cis isomer ( fig. 2 , 3 ). This causes pKa changes in the SB and aas of the protein. Sequential conformational changes yield differential access of the protonatable SB to the two half channels. Each step is fast but has its own characteristic half-life. The overall turnover in the wild-type protein is about 100 s -1 , which is not fast compared to most enzymes, although it is comparable to several other pumps. In general, each step is faster than the following one. These changes allow access of the SB to deprotonation to the external medium and protonation only from the cytoplasm . For a detailed model, see Lanyi and Schobert [2004] which presents a self-consistent but still somewhat controversial mechanistic model. H + transport is unidirectional. In the final step, the slowest step, thermal reisomerization allows the 13-cis isoform to return to the all-trans isomer. The cycle then repeats upon absorption of another photon. Steps in the photocycle have been defined as suggested from the stepwise scheme presented in figure 4 . , and finally to water in the external medium.
F-Type ATPases: A Rotary Motor
F-type ATPases are found in the membranes of virtually all prokaryotes as well as the mitochondria (α-proteobacterium derived) and chloroplasts (cyanobacterium derived) of eukaryotes. These molecular machines reversibly catalyze the hydrolysis of ATP while pumping protons or sodium ions out of the cell or organelle to generate a proton or sodium electrochemical gradient, negative inside, the pmf or the smf , respectively. In the reverse reaction, ATP is synthesized, driven by the pmf or smf . Thus, these enzyme transporters interconvert chemical and chemiosmotic energy.
Figure 5 presents structural and mechanistic aspects of F-type ATPases. These enzyme complexes are rotary machines wherein the subunits of the rotor rotate relative to the subunits of the stator. The stator includes the α 3 β 3 δab 2 subunits (numbers refer to stoichiometries) while the rotor includes the c 12 γε subunits. Clockwise (CW) rotation results in ATP hydrolysis and ion pumping, while counterclockwise (CCW) rotation is driven by transmembrane ion electrophoresis through the membrane sector of the ATPase with concomitant ATP synthesis [Kinosita et al., 1998 ].
Within the proton-conducting channel of the E. coli ATPase, an aspartate residue (D 61 ) in c (the rotor component) and an arginine residue (R 210 ) in a (the stator component), which together form parts of the channel, are essential. A histidine (H 245 ) and a glutamate (E 219 ) in a also play important roles. D 61 is on the proton pathway and is reversibly protonated, although R 210 is always protonated. a and c comprise the two half channels through which protons flow. Possibly the dipole of the protonated D 61 interacts with the positive charge in R 210 to create the torque for rotation. Thus, details of the molecular mechanism for energy interconversion are emerging.
The Bacterial Flagellum: Another Rotary Machine
A typical bacterial flagellum is about 10 μm long with a helical period of about 2 μm. The size of the flagellum is about 1 billion Da! It is an amazingly complex rotary machine. In E. coli , there are about 40 flagellum genes ( flg , flh , fli ), about 20 of which are structural genes [Apel and Surette, 2008] . Additionally, there are 2 mot (motor), 6 che (chemotaxis) and 5 primary receptor genes encoding MCPs. There are also many secondary receptors. An E. coli cell has, on average, about 10 flagella. They rotate coordinately at roughly 20,000 rpm, driven by the pmf although some bacteria use the smf instead of the pmf , and still others, such as Vibrio parahaemolyticus , have two distinct flagella, one which uses the smf and one that uses the pmf (see below). E. coli can swim at a speed of about 30 μm/s ( ∼ 2 mm/min). However, other bacteria can have up to 1,000 flagella per cell while swarming, and they can move at speeds that are much greater than those of E. coli , >300 μm/s ( ∼ 20 mm/min) [Berg, 2003] .
If E. coli were the size of a car, and its velocity were to be proportional to its size, how fast would it go? E. coli is about 1 μm long and swims at about 2 mm/min. This equals 120 mm/h or 0.12 m/h. A car is about 5 m in length and moves at about 65 mph, or 100 km/h, maximally about 250 km/h. The size difference is thus 5 × 10 6 . Therefore, 0.12 m/h × 5 × 10 6 = 0.6 × 10 6 m/h = 600 km/h. Not bad for a 'simple' single celled organism, but remember, some bacteria can swim 10-fold faster, equivalent to 6,000 km/h, faster than any jet airplane! Bacteria are truly remarkable.
As noted above, the flagellar motor is a pmf -or smfdriven machine [Terashima et al., 2008] . The stator, MotAB, is the ion selector (H + or Na + ) [Asai et al., 2003] , while the rotor is the flagellum ( table 2 ). The FliFGMN complex in the basal region of the flagellum interacts with the motor ( fig. 6 ). In fact, the C-terminal domain of FliG interacts directly with MotAB to produce the torque. A cluster of charged residues on a ridge of the rotor serves as the site of interaction. FligG, in complex with 1/3rd of sites; negative cooperativity H + flows through the channel comprised of a and c torque rotation ATP synthesis.
F-ATPase:
Coupling: [Pedersen, 2007; Saroussi and Nelson, 2009] . TMS is a transmembrane α-helical segment. b Structural depiction of the catalytic ATPase [F 1 part showing arrangements of the 3 α and 3 β subunits. Numbers 1-3 refer to the three steps involved in the synthesis of ATP (or its hydrolysis, the reverse reaction)], the 3-step mechanism of action. c Overall schematized structure of the F-type ATPase complex showing association of subunits with the rotor (top) and stator (bottom; refer to a for rotor and stator subunit compositions). FliF, M and N, interacts with MotAB. Only their genes, when mutated, give rise to three distinct phenotypes depending on the site of mutation, namely (1) fla (flagellum defective); (2) mot (motor defective), and (3) che (chemotaxis defective). Thus, the phenotypes observed for mutants in these four genes, and these genes alone, can correspond to (1) the absence of flagella; (2) intact flagella but no motor function, and (3) normal flagella with an active motor but lacking chemotactic responses. This last phenotype is due to the fact that this subcomplex of four proteins is part of the 'switch' that determines the direction of flagellar rotation. These observations reveal the multifaceted functions of this flagellar complex. Mot-AB complexes have been reconstituted in artificial membranes yielding channels specific for H + or Na + [Yonekura et al., 2011] .
ExbBD-TonB and TolQR-TolA are sets of proteins that form complexes where ExbBD and TolQR are homologous to, but distantly related to MotAB stators (see table 3 ). Their proteins of interaction are TonB and TolA, respectively, instead of FliG. However, few of these proteins function in motility [Bolam and Koropatkin, 2012; Krewulak and Vogel, 2011; Schalk et al., 2012] . Instead, they energize uptake of (1) Cu 2+ , Ni 2+ and Fe 3+ -siderophore complexes; (2) vitamins such as vitamin B 12 and thiamin; (3) oligosaccharides; (4) phage DNA, and (5) colicins (toxic proteins for enteric bacteria) across the OMs of Gram-negative bacteria. The uptake of 1-3 are the normal functions of the OM receptors (OMR), but phage and colicins have parasitized some of these receptors to allow their uptake. Energization of TonB due to H + fluxes via the H + channel in ExbBD, and of TolA due to H + fluxes via the H + channel in TolQR, probably involves high energy conformations of these proteins that promote opening of the OMR porin channels, allowing translocation of the solute across the OM and accumulation in the periplasm ( table 3 ) [Zhang et al., 2011] . These solutes can be 252 concentrated more than 1,000-fold in the periplasm relative to the external medium. The energy source is the pmf across the cytoplasmic membrane. TonB and TolA are homologous proteins that interact directly with the OMR to control (energize) its conformation. The TolQRA complex also plays a role in the transport of lipopolysaccharide to the outer surface of the OM, and is thus indirectly involved in drug resistance [Gaspar et al., 2000 ]. An involvement in lipopolysaccharide export explains why TolQRA mutants have a 'leaky' OM and consequent increased drug sensitivities. Surprisingly, TolQRA systems in Myxobacteria have been implicated in motor function for adventurous gliding motility, a form of motility that is independent of flagella (see below) [Youderian et al., 2003] .
MotB/PomB and ExbD/TolR have 1 TMS, with N-terminal cytoplasmic domains and C-terminal periplasmic peptidoglycan anchoring domains that are essential for their roles as parts of the stators of these systems ( table 3 ) . These cell wall anchoring domains are found in many other proteins not functionally related to the homologous MotB/PomB/ExbD/TolR proteins. The conserved aspartate in MotB/ExbD is essential for transport and is involved in determining the cation (H + vs. Na + ) specificity. Residues in MotA/ExbB are also H + /Na + sites of recognition and binding that provide a pathway for cation translocation across the cytoplasmic membrane. Thus, as in the case of the F-type ATPase where the a -and c -subunits form the proton-or sodium-conduction pathway, two proteins in these systems (MotA and B, PomA and B, ExbB and D, or TolQ and R) comprise the cation channel.
Chemotaxis Involving Bacterial Flagella
Peritrichous flagella, as in E. coli , are essentially propellers. They form a bundle behind the bacterium when coordinately rotating CCW allowing smooth swimming, or they disperse when rotating CW [Larkin et al., 2007] , allowing the bacteria to tumble and change direction. Negative cooperativity and adaptation allow responses to chemicals over a 10 5 -fold range, from <1 μ M to >10 m M . This is due to polar clustering of receptors and to receptor methylation [Eisenbach, 2007; Tindall et al., 2012; Webre et al., 2004] . There are five MCPs in E. coli : Tsr (transducer for serine), Tar (transducer for aspartate), Trg (transducer for ribose and galactose), Tap (transducer for peptides) and Aer (the aerotaxis MCP). Their relative proportions are about 12: 6:1: 1:1, respectively. All of these MCPs (except Aer) can sense multiple chemicals and physical conditions, not just the ones indicated by their names. The signaling pathway is illustrated in figure 7 . Six chemotaxis proteins are depicted in figure 7 a. A decrease in attractant (Att) binding, or an increase in repellent (Rep) binding to an MCP induces conformational changes that are transmitted via CheW to CheA, the histidine sensor kinase of the chemotaxis system. CheA phosphorylates CheY in a fast reaction that dictates the initial response. CheYphosphate (CheY-P), but not CheY, binds to the flagellar switch (FliMNFG) to induce CW flagellar rotation and tumbling (change of direction) ( fig. 7b ) [Larkin et al., 2007] . The opposite response is observed when the Att concentration increases or the Rep concentration decreases. The adaptation response to increases in Att concentration involves MCP methylation by CheR, and to increases in Rep concentration, demethylation by CheB. Regulation occurs at the level of CheB while CheR acts constitutively. Thus, in a slow reaction, CheB is phosphorylated by CheA, promoting demethylation of the MCPs. This deactivates CheA and hence decreases the concentration of CheY-P. Restoration of normal swimming behavior, with the prestimulus rate of tumbling, ensues.
In figure 7 the schematized structure of an MCP ( fig. 7 c) and a postulated mechanism of regulation ( fig. 7 d) are presented. The extracytoplasmic receptor domain receives a signal from the external medium (chemical binding) that induces a conformational change in the MCP ( fig. 7 c) . This may give rise to a piston-like action as illustrated in figure 7 d.
Att binding to an MCP induces a conformational change so that the MCP becomes a poor substrate of CheB and a good substrate of CheR. Increased methylation using S-adenosylmethionine as the methyl donor reduces the affinity for Att. Maybe Att binding induces conformational changes that render the glutamate residues more readily available for CheR-mediated methylation. Methylation removes the negative charge, and the protein returns to its previous more folded conformation ( fig. 8 ) .
The overall response, including both excitation and adaptation (see below) can be described as follows: prior to adding Att, flagellar rotation reverses from CCW to CW with a certain frequency (the prestimulus CW/CCW ratio). Addition of Att rapidly increases the tendency for CCW rotation yielding smooth swimming. This is the excitation phase. Slow increases in MCP methylation also results, over a period of many seconds and as long as a couple of minutes. This gradually causes the CW/CCW ratio to increase, approaching the prestimulus CW/CCW ratio. The system is then ready to respond to another change in the Att (or Rep) concentration.
The receptor complexes are built of trimers of dimers giving rise to a two-dimensional hexagonal lattice (built from trigonal units). The hexagonal unit consists of 6 MCPs (dimers) + 2 Ws (monomers) + 2 half As (dimers). Each CheA dimer is shared by 2 units, and each unit differs with respect to its composition containing variable numbers of the 5 MCPs. Minor MCPs show amplification. A proposed mechanism of MCP action [Kojadinovic et al., 2013] is shown in figure 7 d and involves several steps. A piston-like displacement of 1 TMS in the monomer relative to the other is the primary signal. Subunit interactions play a role as documented for MCPs fig. 8 ; see Baker and Stock [2007] , Kojadinovic et al. [2013] for reviews and comparative analyses). CheB is phosphorylated, and thereby activated by CheA in a slow step. CheB catalyzes deamidation, converting certain glutamines to glutamates so they can be methylated by CheR. Minus Att, weaker interactions are observed between intersubunit periplasmic domains and intersubunit cytoplasmic domains as compared with when Att is present. Subunit exchange occurs minus Att, but not with Att. Almost all amino acid replacements in TMS1 → CCW; i.e. weaker TM1:TM2 interactions, stronger intersubunit interactions, and poorer signaling. Intrasubunit movements (TM1 relative to TM2) may initiate signaling, i.e. Att binding → relative displacement of the two TMs in the membrane. CheZ is a CheY-P phosphatase. Finally, after completion of the adaptation phase, the near prestimulus distribution of CW/CCW rotation, and hence the near prestimulus frequency of tumbling, ensues.
CheR has two domains, N-terminal and C-terminal, where N is for MCP binding only, while C is for MCP binding and catalysis. Some MCPs such as the major MCPs, Tar and Tsr, but not the minor MCPs such as Trg, have C-terminal binding sites (the 'docking sites') for CheR and CheB, necessary for regulation by methylation ( fig. 7 c) . From these sites, CheR can methylate all MCPs, and CheB can demethylate them because the trimers of dimers are mixed. The methylation sites (glutamate, Glu residues) in all five MCPs are physically near the docking sites. Mutation of the docking site on Tsr slows methylation of all MCPs.
CheB also has two domains: a phosphorylatable receiver (regulatory) domain and a catalytic (methylesterase) domain. Without phosphorylation, the receiver binds the active site and the enzyme is inactive. With phosphorylation, the active site becomes free and is therefore activated for methylester hydrolysis. CheB docks to the CheR binding site.
The switch/motor complex is perceived as follows: free CheY binds CheA but not FliM, but CheY-P binds FliM but not CheA. The frequency of CW rotation may increase sigmoidally with the concentration of CheY-P in a cooperative fashion, but this suggestion has been disputed [Alon et al., 1998; Liu et al., 1997] . The FliM(NFG) complex comprises the switch (gear box) as well as part of the motor. This complex has a stoichiometry of ∼ 1 FliF, ∼ 1 FliG, ∼ 1 FliM, and ∼ 3 FliN, plus an unknown stoichiometry of MotAB complexes. Many models for the motor and switch have been proposed, but the C-terminus of FliG clearly binds MotA. The two directions (CW and CCW) correlate with and may be determined by various charged residue interactions that influence the protein complex's conformation.
Swimming and swarming in V. parahaemolyticus (a causative agent of gastroenteritis) results from the presence of two motility systems that are independent of each other (unlike E. coli ). Polar flagella are for swimming. They are sheathed and use the smf . These flagellar filaments are made of 6 flagellins, all of which are important; 3 represent major subunits while 3 are minor. Surprisingly, this constitutively synthesized polar flagellum also serves as a mechanosensor. The lateral flagella are for swarming. They are nonsheathed, use the pmf and are made of a single flagellin. Their synthesis responds to and is induced by increased viscosity or surface growth using the polar flagellum as the sensor. Induction of lateral flagella occurs when (1) ↑ viscosity → ↓ rotation of polar flagella; (2) growth on surfaces → ↓ rotation; (3) antibody binding to polar flagellin → ↓ rotation, and (4) Na + channel blockers are present (induction is proportional to the percent inhibition of rotation) → ↓ rotation. In other words, anything that decreases the rotation rate of the polar flagellum induces lateral flagellar synthesis. Induc- tion also occurs when mutations are introduced in flagellar constituents that block flagellar assembly (and hence block rotation). Mutations that arise in the motor similarly induce lateral flagellar production, although this is not true for all swarmer cell types.
Induction of swarming is a complex process involving several coordinated events. These include (1) cessation of cell division; (2) elongation of the cells, and (3) induction of all swarmer cell genes in four stages. The sets of genes sequentially induced are (1) regulatory genes ( flhDC) ; (2) basal body and hook genes; (3) motor and hook-associated protein, as well as the stage 4 flagellar sigma factor, σ 28 , and its antisigma factor, FlgM genes, and (4) flagellin plus chemotaxis genes. Induction of lipopeptide surfactin genes also occurs, facilitating swarming over solid surfaces. While E. coli has just one CheY and five MCPs, another Vibrio species, V. cholera , has 5 CheYs and >40 MCPs, indicating a much higher level of complexity.
Spirochetes exhibit a variation on the flagellar motility theme. Their flagella are periplasmic, and they contain (1) FlaA sheath proteins (secreted and processed via the general secretory, Sec, pathway); (2) FlaB flagellins which are not processed; (3) all other flagellar constituents, and (4) some motility/chemotaxis genes unique to spirochetes. The flagella are attached at both ends, but as for E. coli , rotation is pmf -driven. As a result of periplasmic flagellar rotation, the spiral-shaped cells 'screw' through the medium by a still poorly understood mechanism.
Other types of bacterial motility are recognized and involve (1) twitching or gliding (due to retraction/extension of type IV pili) as occurs in Pseudomonas species and Myxobacteria; (2) gliding, involving cell surface macromolecular translocation as occurs in Flavobacteria; (3) gliding, dependent on mucopolysaccharide (slime) secretion (myxobacteria and cyanobacteria), and (4) gliding involving contractile cytoskeleton-mediated cell morphological changes (Mycoplasma) . Some of these will be briefly discussed in the next section.
Poorly Characterized Types of Bacterial Motility
Archaeal Flagella Are Rotary Type IV Pili Archaeal flagella are rotatory and pmf -driven [Ghosh and Albers, 2011] . They have a 'hook' but no observable basal body with rings, comparable to those of bacterial flagella, although cell envelope anchoring proteins may be present. Multiple (2-6) pilins are secreted, processed by a prepilin peptidase, glycosylated, and incorporated into the base of the growing pilus. The hook protein may be one of the pilins. A single operon with about 12 genes usually codes for the complete structure. An ATPase and an integral membrane protein common to bacterial type IV pili are always present [Peabody et al., 2003 ]. Chemotaxis proteins like those in bacteria (including CheY) are present in archaea, although an FliM homologue has not been found. Thus, although bacterial flagella are absent in archaea, the chemosensory apparatus appears to be essentially the same.
Social Gliding Motility via Retractable Type IV Pili in Myxobacteria
Type IV pili mediate 'twitching' motility in Pseudomonas aeruginosa [Burrows, 2012] and 'social' gliding motility in Myxococcus xanthus [Kaiser, 2003] . Both depend on cell-cell or cell-surface contacts. The pilus fiber consists of pilin subunits (PilA plus minor pilins) with an N-terminal α-helical core and a C-terminal β-sheet surface structure. There are 5 pilin monomers per helical turn. In P. aeruginosa , over 35 genes are involved in motility and taxis. Three polar ATPases may energize pilus assembly and extension (PilB) and retraction, respectively (PilU and PilT) [Chiang et al., 2005 [Chiang et al., , 2008 ]. An adhesin (PilY1) is at the tip of the pilus. PilQ is a channel-forming 'secretin' in the OM that allows the pilus to cross this membrane. Type IV bacterial pili, in addition to adherence and motility, are involved in biofilm formation, competence for DNA uptake and pathogenesis. In P. aeruginosa , pilus retraction pulls the cell forward; no movement is observed during pilus extension. As chemotaxis proteins control pilus assembly and activity, CheY-like proteins may interact with the PilB and/or PilT ATPases [Bertrand et al., 2010] .
Type IV pilus-mediated motility in M. xanthus is smooth and does not display twitching. However, like twitching motility in P. aeruginosa , it requires extension and retraction of type IV pili assembled at the leading cell pole. During cellular reversal, resulting in a change of direction, the pili disassemble at the old leading pole and reassemble at the opposite new leading pole [Bulyha et al., 2009 ]. An extracellular polysaccharide receptor, deposited on the surfaces of cells or the substratum to which the pilus adhesin attaches, is also required. A 3-component ABC transporter for macromolecular secretion may also be involved. One interesting difference between Pseudomonas and Myxococcus type IV-mediated motility is that Pseudomonas cells generally produce pili from only a single cell pole and rarely reverse, while Myxococcus cells reverse periodically about every 7-10 min. During reversals, the cellular polarity axis becomes inverted, and the pili assemble at the opposite cell pole [Bulyha et al., 2009 [Bulyha et al., , 2013 .
The chemotaxis proteins control cellular reversals. A CheY homologue (called FrzZ), when phosphorylated, localizes to the leading cell pole where it interacts with MglA, a cell polarity regulator with GTPase activity, triggering reversals [Kaimer and Zusman, 2013] . Furthermore, two additional small GTPases act in concert with the bacteriofilin cytoskeleton to regulate the dynamic polarity properties of the cell upon which directional motility and reversal depend [Bulyha et al., 2013] . A dependency of cell shape and motility on the cytoskeleton is reminiscent of similar evidence for wall-less Mycoplasma and Spiroplasma cells [Calisto et al., 2012; Cohen-Krausz et al., 2011] .
Adventurous Gliding Motility in Myxobacteria
Both δ-proteobacteria and cyanobacteria exhibit gliding motility [Wolgemuth and Oster, 2004] . In M. xanthus , 'adventurous' gliding motility, or A-motility, involves the movement of single cells rather than groups of cells as in the case of social motility [Hodgkin and Kaiser, 1977] . The mechanism of Myxococcus A-motility gliding has been difficult to understand since surface structures are apparently not involved. Adventurous motility allows velocities of ∼ 3 μm/min, ∼ 500-fold slower than flagellar motility in typical bacteria such as E. coli .
The work of Youderian et al. [2003] showed that about 40-50 genes are responsible for A-motility. Recently, Mignot and coworkers [Ducret et al., 2012 [Ducret et al., , 2013 Sun et al., 2011] showed that A-motility is powered by the pmf and is sensitive to A22, an inhibitor of MreB, a bacterial cytoskeletal protein and actin homologue. They also showed that Myxococcus contains MotA/MotB homologues and that these are required for gliding. Nan et al. [2010 Nan et al. [ , 2011 showed that these bacterial stator proteins function as motors in M. xanthus , although they lack the peptidoglycan binding motif responsible for anchoring stators in flagellated bacteria to the cell wall. They are therefore free to move within the membrane. Current data are consistent with a model in which A-motility is powered by large motility complexes containing the MotAB homologues. These complexes move within the membrane on a helical cytoskeletal filament, possibly consisting of an actin-like MreB homologue. The large clusters generate torque by accumulating as clusters on contacting a surface, exerting force on the surface. Evidence for this model is supported by single molecule studies with the MotA homologue using photoactivatable localization microscopy [Nan et al., 2013] . Directionality is regulated by phosphorylation of myxobacterial chemotaxis system proteins [Kaimer and Zusman, 2013] . This model unifies elements of gliding and swimming motility.
Ratchet Structures (Cytophaga/Flavobacteria)
Motility in Flavobacterium johnsoniae appears to be due to pmf -driven movement of cell surface components. Surface protein complexes may extend through the envelope. An ABC transporter with 3 components (GldA, F and G) seems to play a role although it is not present in all bacteria that apparently use this mechanism of gliding. Early studies suggested that slime is extruded at one cellular location and then taken up from another.
F. johnsoniae cells move rapidly over surfaces, and Gld proteins are thought to comprise the multicomponent motor that propels the cell surface adhesin SprB. Cells with mutations in the sprB gene are partially defective in motility. RemA is a cell surface protein that has a lectin domain and appears to interact with polysaccharides. Three other proteins, RemC, Wza and Wzc, are predicted to be involved in polysaccharide synthesis and secretion [Shrivastava et al., 2012] . RemA localizes to the cell surface and is propelled rapidly along the cell at speeds of 1-2 μm/s. Deletion of the gldN and gldO genes, which encode components of a protein secretion system, block the transport of RemA to the cell surface, and overproduction of RemA results in the formation of cell aggregates that are dispersed by the addition of galactose or rhamnose [Shrivastava et al., 2012] . Cells lacking RemC, Wza or Wzc fail to aggregate. Cells of a remC mutant and cells of an remA mutant, neither of which form aggregates in isolation, aggregate when they are mixed together. This fact suggests that polysaccharides secreted by one cell may interact with RemA on another cell. Fluorescently labeled lectin, Ricinus communis agglutinin I, detected polysaccharides secreted by F. johnsoniae . Polysaccharides associated with cells expressing RemA were rapidly propelled on the cell surface. RemA thus appears to be a mobile cell surface adhesin and secreted polysaccharides may interact with the lectin domain of RemA to enhance motility [Shrivastava et al., 2012] .
Bacteria of the phylum, Bacteroidetes, are diverse, with rapid gliding motility. A novel protein secretion system, the Por secretion system (PorSS) is present in F. johnsoniae , but the sequences of its constituents are not similar to those of other well-studied bacterial secretion systems. They are a subset of the gliding motility genes, suggesting a role in motility. PorSS is needed for assembly of the gliding motility apparatus as well as for secretion of a chitinase. Comparative analysis of 37 Bacte-roidetes genomes revealed the widespread concurrent occurrence of gliding motility genes and porSS genes [McBride and Zhu, 2013] .
Bioelectricity via Nanowires (Bug Juice)
Most bacteria use soluble cytoplasmic electron acceptors for respiration, but some use insoluble extracellular electron acceptors. There are multiple mechanisms that allow for such a use. One such mechanism relies on nanowires that conduct electrons to insoluble oxides of manganese and iron (e.g. rust; Fe 2 O 3 ). Nanowires are type IV pili, but most type IV pili do not conduct electricity, so nanowires have special characteristics that are poorly understood at the molecular level. The bacteria reduce ferric oxide to magnetite (Fe 3 O 4 ), a magnetic substance found in nature and in cells (including ancient bacterial fossils billions of years old on Earth and possibly on Mars) [Jones, 2006] . Bacteria that have been shown to use nanowires to transmit electrons to Fe 2 O 3 include: Geobacter sulfurreducens (a δ-proteobacterium), Shewanella (a γ-proteobacterium), Synechococcus (a cyanobacterium) and Pelomaulum (a thermophilic firmicute). The identification of nanowires in such a wide range of bacterial phyla suggests that they are widespread in the prokaryotic world [Reguera et al., 2005 [Reguera et al., , 2006 .
Geobacter was discovered by Derek Lovley in 1987 at the University of Massachusetts, Amherst [Lovley, 2006] . It is a strict anaerobe that respires using extracellular electron acceptors via type IV pilus-type nanowires. It oxidizes organic molecules to reduce external substances. Biofilms conduct electricity to external Fe 2 O 3 more efficiently than cell suspensions. They have potential as tools in bioengineering (see table 2 ). Electrons are believed to pass through a chain of electron carriers (mostly cytochrome c's) as follows [Londer et al., 2006] : NADH → NADH DH → menaquinone (MQ) → MacA (inner membrane) → PpcA (periplasm) → OmeB (OM) → OmeE (outer surface of the OM) → OmeS (outer surface of the OM) → pili → Fe 2 O 3 . In essence, Derek Lovley and, independently, Ken Nealson created the fields of geomicrobiology, bionanotechnology and microbiological electronics as a result of their discoveries of extracellular electron flow [Gorby et al., 2006] . Although it sounds like science fiction, it has been reported that live bacteria can use nanowires to energize 'dead' bacteria, bringing them back to life while creating a membrane potential, negative inside.
Protein Secretion/Membrane Insertion Machines
We have previously reviewed protein secretion systems in bacteria, summarizing the results of thousands of research articles dealing with this topic [Saier, 2006 . All living organisms possess the essential rudiments of the Sec pathway, described in the transporter classification (TC) database, TCDB (www.tcdb.org), under TC No. 3.A.5. This pathway in E. coli is illustrated in figure 9 . Both soluble proteins and integral membrane proteins can be secreted and inserted into the cytoplasmic membrane, respectively, via the Sec system. The common constituents found in all living organisms comprise the SecYEG channel complex through which substrate proteins must pass to get to the external surface of the membrane or to be inserted into the membrane ( fig. 9 ). However, in Gram-negative bacteria with two membranes separating the cytoplasm from the external environment, a plethora of protein-exporting transport systems have evolved. In fact, at least sixteen independently evolving systems are known ( table 4 ) . Export across the cytoplasmic membrane is usually energy dependent, and the most common source of energy is ATP. In the article by Peña and Arechaga [2013] , the ATPases that drive secretion via several of these systems are discussed and compared.
A few protein secretion systems do not rely on ATPases and instead use the proton motive force. In order to utilize this energy source, any such system must allow the flow of protons down their electrochemical gradient. One well-studied system is the twin arginine targeting (Tat) system (TC No. 2.A.64). Another type of system that uses the pmf is the YidC/Oxa1/Amber systems of prokaryotes, mitochondria and chloroplasts, respectively (TC No. 2.A.9). These homologous systems function in integral membrane insertion rather than secretion, sometimes in conjunction with the SecYEG apparatus, but in other cases independently of this complex. Other bacterial secretion systems are known -types I (TC No. 3.A.1) [Holland et al., 2005] , II (2.A.15) [Korotkov et al., 2012] , III (3.A.6) [Chatterjee et al., 2013] , IV (3.A.7) [Voth et al., 2012] and VI [Silverman et al., 2012] . All of these systems are multicomponent and all of them span the two membranes of the Gram-negative bacterial cell envelope. All except type II (also called the 'main terminal branch', TC No. 3.A.15) allow transport of proteins from the cytoplasm directly into the external milieu in a single energy-coupled step. In fact, type III and type IV systems allow injection of proteins, and in the case of type IV, DNA-protein complexes, directly from the donor bacterial cytoplasm into the cytoplasm of a recipient bacterium or, in the case of bacterial pathogens and symbionts, into that of a host plant or animal cell. These systems serve as complex molecular machines usually involving about a dozen different proteins. The reader is referred to Saier et al. [2008] , the symposium article by Peña and Arechaga, and the system-specific reviews cited above for more detailed considerations of these systems.
Chaperonins and Protein Folding
The pathway for protein folding in E. coli is multistep, involving three chaperone complexes: DnaJK, GrpE and GroEL/ES [Houry, 2001; Langer et al., 1992; Mansell et al., 2008] . This proposed pathway is:
where P = the protein substrate; U = unfolded; PF1 and PF2 = partially folded intermediates, P F = fully folded.
Protein folding by GroEL/ES has been characterized in some detail [Azia et al., 2012; Chaudhuri et al., 2009] . The 
None None None None None None ? None substrate protein P can exist in 3 or more states outside of GroEL: (a) P U , (b) P PF and (c) P F . P can also exist in 3 or more states inside the GroEL barrel: (a) P S bound to the inner surface of the lid or chamber lips near the opening, (b) P i bound internally to the closed chamber in a partially folded state and (c) P F , the fully folded state, ready for release. The GroES lid is a single domain protein (subunit MW = 10 kDa, 7 subunits) which forms a circular heptameric ring structure. The 3 domain GroEL barrel subunit (subunit MW = 56 kDa, 14 subunits) can exist in 3 states: (a) extended + ATP, (b) extended + ADP and (c) contracted. A 'half of sites' mechanism is operative where protein folding only occurs in the extended not the contracted chamber ( fig. 10 ).
The specific steps proposed are as follows: (1) The GroES lid binds and closes the cis cavity with the substrate, a partially folded protein, inside; (2) GroES displaces P U (or P PF ) to the central cis cavity; (3) folding begins; (4) ATP is hydrolyzed to ADP in a slow process, during which folding continues; GroES loosens; (5) ATP 7 binds to the trans ring; ADP, P F and the GroES lid are released from the cis compartment; (6) another substrate protein binds to the lips of the trans compartment which now becomes expanded while the cis compartment assumes the contracted state, and (7) the cycle repeats in the trans compartment [Grallert and Buchner, 2001; Walter, 2002] .
Proteasomes and Regulated Protein Degradation
Proteasomes resemble chaperonins in some structural and functional respects. They consist of heptameric rings of α and β subunits. The similarities with chaperonins suggest that there could be an evolutionary link. However, the subunit arrangements are substantially different. There are two rings of α subunits and two rings of β subunits in an α-β-β-α vertical arrangement. Protein substrates are degraded within the proteasome compartment in an ATP hydrolysis-dependent fashion. These structures and their modes of action are discussed in detail in the article by Humbard and Maupin-Furlow [2013] . These structures will therefore not be considered further here. Not all cytoplasmic protein degradation occurs within proteasomes. Alternatives are discussed in the article by Nagpal et al. [2013] . This article considers adaptor proteins and unfoldases that influence these protease activities, and also discusses novel antimicrobial agents that target these machines.
Bacteria possess a variety of ATP-dependent and ATP-independent proteases. E. coli , for example, has five AAA+ ATP-dependent proteases, FtsH, Lon, ClpXP, ClpAP and HslUV, which play roles in cell physiology and programmed cell death. All are self-compartmentalizing cytoplasmic or membrane-anchored proteolytic complexes with the enzymatic active sites in ring-shaped or barrel structures [Langklotz et al., 2012] . Other proteases such as the ubiquitous rhomboid and CAAX proteases are integral membrane proteins that hydrolyze peptide bonds in transmembrane proteins and newly synthesized lipoproteins, respectively [Pryor et al., 2013; Urban and Dickey, 2011] . They function in several capacities such as initiating cell signaling, facilitating quorum sensing and regulating homeostasis. Intracellular protein degradation has become recognized in recent years as a highly complex means of regulating hundreds of aspects of cell physiology.
Carboxysomes for CO 2 Fixation
One of the best studied metabolic microcompartments is the carboxysome found in cyanobacteria and chemoautotrophs [Kerfeld et al., 2010] (see symposium article by Yeats et al., entitled 'The shells of BMC-type microcompartment organelles in bacteria'). These structures house the enzyme D-ribulose 1,5 bisphosphate carboxylase/oxygenase (RuBisCO) within assembled icosahedral protein shells, superficially similar to some viral particles [Kerfeld et al., 2005] . Their primary functions are to dehydrate bicarbonate (HCO 3 -) and to concentrate CO 2 for fixation by RuBisCO [Cot et al., 2008] . Carboxysomes concentrate bicarbonate and carbon dioxide using transport systems in the cell membrane as well as the microcompartment. A carboxysomal 'shell' protein can open and close, allowing selective permeability by diffusion.
The different types of carboxysomes and their structures, physiology, mechanism of action and evolution are the subjects of the intriguing symposium article by Rae et al. [2013] .
Ethanolamine Utilization Nanocompartments
Related bacterial microcompartments for the utilization of 1,2-propanediol, ethanol and ethanolamine (Eut) have been identified and characterized in the article by Yeates et al. [2013] . The article by Held et al. [2013] provides detailed information about one of these machines. These structures sequester volatile and toxic metabolites and therefore provide the foundations of metabolic efficiency and cellular protection. The high-resolution x-ray crystallographic structures of four homologous shell constituents of the E. coli Eut complex have been solved .
One of these (EutC) apparently undergoes conformational transitions that promote gating of metabolites through pores in the protein shell. These microcompartments are found in a range of bacteria from Proteobacteria to Firmicutes, and therefore are presumed to be ancient structures. Crystal structures of clostridial shell proteins revealed details of their hexameric quaternary three-dimensional permutated structures following selfassociation into arrays [Pitts et al., 2012] . In addition to the symposium article by Held et al., the interested reader is referred to the recent publication of Choudhary et al. [2012] , detailing the engineering of these nanocompartments for biosynthesis and catalysis. The use of engineered protein-based nanobioreactors has tremendous technological and environmental remediative potential.
Circadian Clocks in Cyanobacteria
As for several other molecular machines discussed in this symposium, it was once thought that 24-hour circadian clocks were characteristic strictly of eukaryotes, but we now know this also to be incorrect [Mackey et al., 2011] . In general, any circadian clock exhibits the following three characteristics: (1) it has a cycle of about 24 h that continues several cycles without external stimulus input; (2) it is subject to entrainment by cycles of light/ dark, warm/cold, humidity change and/or redox variations, and (3) it is temperature compensated so that its 24-hour cycle continues regardless of the temperature. At the molecular level, it is subject to feedback/forward con-trols that are genetically determined. In cyanobacteria, the oscillator of the clock is a multiprotein molecular machine [Nakajima et al., 2005] . This 3-component clock is capable of keeping time outside of the bacterium in an in vitro environment as well as in the cell. Homologues of the components of this clock have not been found in eukaryotes, and hence, prokaryotic and eukaryotic clocks may have evolved independently.
The advantages to an organism of having a clock include the opportunity to optimize activities with light and temperature. It can be utilized for predation, mating, differentiation and many other biological processes. Disadvantages for higher organisms include delayed adaptability as observed in cases of jet lag and sleep disorders in humans. Not only at the molecular level, but also at the phenomenological level, it seems that different organisms use very different types of clocks, suggesting that pressure to evolve clocks has been considerable. Eukaryotes use transcription/translation coupled feedback loops and sense light as a primary signal, but cyanobacteria primarily use redox signals as environmental input, and at least some apparently do not sense light directly other than through the photosynthetic apparatus. The best characterized prokaryotic clock is in Synechococcus elongatus [Dong and Golden, 2008] .
In some cyanobacteria the temporal separation of photosynthesis and molecular dinitrogen (N 2 ) fixation is accomplished by rhythmic gene expression [Vinh et al., 2013] . Photosynthesis occurs mostly in the day and N 2 fixation mostly at night, but there can be overlap. In an early experiment, 30,000 random bioluminescent luciferase ( luxAB of V. harveyi ) fusions were made to genes within the whole genome. Eight hundred were bright enough to assay, and almost all of these manifested circadian rhythmicity. Different genes exhibited different waveforms, amplitudes and phase relationships ( fig. 11 ) [Liu et al., 1995] . In a second experiment, a photosystem II promoter (psbAI) -luxAB fusion was used in mutagenesis studies. From 150,000 clones of chemically mutagenized cells, about 100 mutants were isolated exhibiting no growth defect, but with altered periods, shorter or longer (14-60 h) than normal, and/or abnormal patterns with arrhythmia and/or altered amplitudes or waveforms [Kondo et al., 1994] .
In a third experiment, the clock-specific genes were cloned by complementation [Ishiura et al., 1998 ]. Clock mutations were found predominantly in the three kai-ABC genes which together comprise an operon and encode the central oscillator. All mutants that exhibited some rhythmicity were due to missense mutations; most proved to be recessive. The name Kai, derived from the Japanese word meaning cycle or rotation, was given to these genes and their encoded proteins. Deletion of the entire kaiABC operon, or individually, just one of the kaiA , B or C genes, gave rise to total arrhythmicity. Two promoters were identified, one in front of the kaiA gene, and one before the kaiBC genes.
The sizes of these three clock proteins in S. elongatus in numbers of aas were KaiA, 284 aas; KaiB, 102 aas, and KaiC, 519 aas. KaiC proved to be an ATP/GTP binding protein, and all proved to be cytoplasmic proteins with no TMSs. They form homotypic and heterotypic interactions, existing in a large complex that interacts with many other cellular regulatory elements and targets of regulation. Nevertheless, they alone form the multimeric protein machine, the oscillator of the clock. Homologues are present in other cyanobacteria, some other bacteria and several archaea. Thus, it seems that some archaea may also have rhythm [Whitehead et al., 2009] .
Increased kaiC expression causes kaiBC repression (feedback control) and alters the phases of expression rhythms of many genes. On the other hand, increased kaiA expression causes kaiBC activation (feedforward control). One long period mutant showed defective KaiAKaiB interactions suggesting that intermolecular interactions must determine the period.
KaiC is an autokinase and an autophosphatase. It phosphorylates itself on two sites. It burns about 15 ATPs per day, less than one ATP per hour, an exceptionally slow turnover rate. The C-terminus of KaiA stimulates KaiC autophosphorylation and facilitates attenuation of KaiC autophosphorylation by KaiB . The N-terminal domain of KaiA is a pseudoreceiver domain, a conclusion that is based on the three-dimensional structure. The pseudoreceiver is a timing input device that usually senses light and regulates KaiA stimulation of KaiC autophosphorylation, synchronizing the oscillator with environmental cycles [Kim et al., 2012] . Crystal structures are available for each of these three proteins, but not for the intact complex.
CikA is another important constituent of the circadian system, probably functioning in entrainment. It is a redox sensor, not a light sensor, that resets the clock [Narikawa et al., 2008; Schmitz et al., 2000] . CikA derives its name from the fact that it is a circadian input kinase. Inactivation of cikA results in (1) a shorter period (by 2 h); (2) changes in the phasing; (3) abolition of the resetting of the phases by light/dark pulses via the redox cycle, and (4) elongated cells. Surprisingly, cell division is inhibited, indicating a link (perhaps indirect) between the clock and cell division. CikA is 754 aas long, soluble and homologous to many sensor kinases.
CikA is not only a histidine sensor kinase, it contains a cryptic response regulator domain (PsR). The domain structure of CikA is shown in figure 12 where GAF is a small molecule-binding domain that in many other proteins binds bilin chromophores and serves as a light sensor, while PsR is a pseudoreceiver domain with a binding site for quinones. This protein provides input to the oscillator for entrainment. Somehow, CikA affects FtsZ polymerization via the clock, and therefore influences cell division.
Another essential constituent that impinges on the clock, SasA, is a KaiC-interacting sensor kinase required for sustained, robust oscillations [Takai et al., 2006] . It acts directly on the response regulator, RpaA. SasA bears a KaiB-like domain for KaiC interaction. Deletion of the sasA gene (Δ sasA ) causes (1) lower kaiBC expression; (2) reduced amplitude of kai gene expression, and (3) a shorter period. Δ sasA mutants give rise to attenuated circadian expression patterns for all genes tested. In fact, some genes become totally arrhythmic, and continuous sasA overexpression also eliminates all rhythms. Temporal overexpression of sasA changes the phase of the kaiBC expression rhythm. sasA -and/or rpaA -mutants show lower levels of gene expression with decreased amplitudes, but there is no cell division defect, and metabolism continues unabated. As implied above, SasA and RpaA comprise a two-component sensor kinase/response regulator system for energy transfer from phycobilisomes to photosystems [Iwasaki et al. , 2000] and mediate circadian timing. Together, they influence global transcriptional rhythms in response to cycles of KaiC phosphorylation [Takai et al., 2006; Valencia et al., 2012] . Gutu and O'Shea [2013] investigated how temporal information determined by KaiC phosphorylation is transduced to RpaA, the transcription factor mentioned above required for circadian gene expression. Phosphorylation of RpaA proved to be regulated by the two antagonistic histidine kinases, SasA and CikA, which are sequentially activated at distinct times by the Kai clock complex. SasA acts as a kinase toward RpaA, whereas CikA, previously implicated in clock input, acts as a phosphatase that dephosphorylates RpaA-phosphate. CikA and SasA thus antagonistically cooperate to generate an oscillation of RpaA activity that is distinct from that which could be generated by either enzyme alone. These observations suggest how circadian clocks can precisely control the timing of output pathways via the concerted action of two oppositely acting enzymes [Gutu and O'Shea, 2013] .
Another protein, LabA, is required for negative feedback regulation of KaiBC expression. The phenotype of a knockout mutation in labA is low amplitude and bright. It acts in parallel with SasA, upstream of RpaA [Taniguchi et al., 2007] . However, surprisingly, a cikA -sasA -double mutant has normal cell division. To determine the relationship between circadian timing and cell division, another set of experiments revealed that (1) cell division is regulated by the clock; (2) division occurs only in the light phase; (3) in constant light, cells still divide in the 'subjective' day; (4) Δ kaiC abolishes rhythms of both gene expression and cell division; (5) ftsZ is expressed with a circadian rhythmic pattern, and (6) overexpression of ftsZ prevents cell division and therefore causes filament for- mation. However, these filaments retain robust, unaltered circadian rhythms. It therefore appears that although division is dependent on the clock, the clock is not dependent on cell division.
In further experiments, an involvement of sigma factors in circadian regulation of the expression of genes in the global cyanobacterial genome was demonstrated [Nair et al., 2001 [Nair et al., , 2002 . Four sigma factors (RpoD2, D3, D4 and SigC), when inactivated, singly or pairwise, changed the amplitude, phase angle, waveform and/or period of the expression of a test promoter, psbAI , one of three genes encoding a photosystem II reaction center. psbAI is regulated both transcriptionally and posttranscriptionally at the level of mRNA degradation. Apparently, the psbAI promoter can be read by multiple sigma factors. Most of the sigma factor mutants show normal In the input pathway, both LdpA and CikA sense the cellular redox state, which is influenced by light and cell metabolism. LdpA affects the stabilities of CikA and KaiA through an unknown mechanism. Through its PsR domain, CikA binds quinones directly, which destabilizes CikA. CikA affects the phosphorylation states of KaiC, but where and how it works in the signal transduction pathway is not known. Pex is a transcriptional repressor of KaiA and its abundance is sensitive to light. However, it is not clear whether the pathway that regulates pex senses light directly or does it through cellular redox. In the output pathway, SasA interacts physically with KaiC and autophosphorylates, and then transfers the phosphoryl group to RpaA, a response regulator with a DNA-binding domain. The target of RpaA has not been identified. LabA works upstream of RpaA and downstream of KaiC, but its exact function is not clear. A SasA-independent, RpaA-independent output pathway might exist. The output pathway controls DNA topology, which is proposed to regulate global gene expression. A transcription/translation rhythm could interact with and reinforce the posttranslational rhythm of KaiC activities. A solid line indicates a direct effect, whereas a dashed line indicates an indirect effect or an effect for which the mechanism is unknown. Arrows indicate the direction of the information flow or a stimulation of activity, or both. Blunt ends represent inhibition of protein activity or abundance, whereas an end with a filled circle suggests regulation of unspecified direction. Reproduced with permission for Dong and Golden [2008] . 264 kaiB promoter activity. Evidently, separate timing circuits with different periods can coexist in a cell. Sigma factors apparently work as a consortium to convey circadian information to 'downstream' genes. What is the mechanism for light input for entrainment? Potential answers to this question were provided by Katayama et al. [2003] . Random transposon insertions were used to identify a gene involved in the light input pathway. This gene was called ldpA where Ldp stood for light-dependent period. Mutations in ldpA conditionally altered the period but did not alter the ability to phase shift the gene expression rhythm by dark pulses. The shorter period phenotype apparently resulted from insensitivity to light gradients that normally modulate the period. LdpA has a 7Fe-8S cluster-binding motif expected to be involved in redox reactions. Possibly LdpA modulates the clock by sensing changes in redox potential, thereby indirectly sensing light intensity. A proposed model is presented in figure 13 .
Sulfur Granules for Redox Processes
An example of a prokaryotic protein-bound compartment used for redox-dependent energy generation and sulfur storage is the sulfur granule or sulfur globule, found in photosynthetic and chemolithotrophic bacteria under certain conditions [Konkol et al., 2010; Reigstad et al., 2011] . The sulfur housed in these granules is often derived from the oxidation of hydrogen sulfide and other compounds, and then it can be used as an electron donor or acceptor in subsequent redox processes, for example, when energy, or reduced or oxidized sulfur is needed. These protective organelles almost exclusively house elemental sulfur, which can be toxic if in direct contact with the cytoplasm. Bacteria therefore protect themselves while storing large quantities of sulfur by surrounding the particles with a protein membrane. This topic is reviewed by Maki [2013] . In this article the properties of the proteinaceous membrane and its protein subunits are described. The generation and degradation of these globules is also considered. Striking superficial similarities between sulfur granule and gas vacuole protein membranes has been noted.
Gas Vesicles for Flotation
In addition to sulfur globules, other proteinaceous assemblies serve to compartmentalize specific agents. Perhaps the best-studied example is the gas vacuoles which houses air in cytoplasmic compartments that provide the function of flotation [van Keulen et al., 2005] . These structures are described in the symposium article entitled 'Gas vesicles across kingdoms: a comparative solid-state nuclear magnetic resonance study,' by Daviso et al. See also Bayro et al. [2012] , Ramsay and Salmond [2012] and Sivertsen et al. [2010] . These structures are found in a range of aquatic bacteria and archaea. In the case of some gas vesicles, a single small hydrophobic protein forms the membrane, although other proteins play roles. Biogenesis of these vesicles and its regulation have been the topics of recent publications [Pfeifer, 2012; Ramsay et al., 2011] .
Cellulosomes for Cellulose Degradation
All of the examples discussed above are either cytoplasmic, membrane-integrated or transenvelope machines, but some protein machines are extracellular, being assembled from collections of secreted protein constituents. A well-studied example is the cellulosome for the degradation of plant and fungal cell walls, reviewed in the article by Bae et al. [2013] . The structural diversity, functional significance and biotechnological potential of these assemblages are remarkable and particularly worth noting. These aspects are discussed in a fascinating treatment that the reader will find enlightening and entertaining.
Concluding Remarks
The 'bag of enzymes' view of a living cell may have been a reasonable view of young primordial cells before extensive evolution gave rise to structural and functional refinement. However, 'evolution tends towards complexity', when complexity benefits the organism, and complexity of molecular construction increases metabolic efficiency, allowing for novel functions such as morphogenesis, cellular motility, intracellular compartmentalization, intercellular interactions and novel mechanisms of energy generation [Diekmann and Pereira-Leal, 2013; Fares et al., 2011; Mulkidjanian et al., 2009; Wong et al., 2007] . We currently recognize that at the molecular level, few if any enzymes act alone. Instead, they interact with other enzymes, structural constituents of the cell, and regulatory proteins to increase efficiency and minimize waste. What we now see in any living cell is the end product of billions of years of evolution creating and perfecting thousands of exquisite molecular machines in an in-terconnected network [Marsh et al., 2013] . Thus, what we describe in this Journal of Molecular Microbiology and Biotechnology written symposium provides a glimpse of ongoing temporal processes that have no obvious end. While we can marvel at the current status of biological apparati that allow living organisms to defy entropy, we can only dream of the results of the ongoing evolutionary process given another billion years. Are we currently at evolutionary equilibrium, or are we still striving for perfection? Perhaps both views are valid for different systems. Bacteria, having evolved for a couple of billion years before the advent of eukaryotes, may be at a much higher level of perfection, therefore evolving more slowly than their eukaryotic grandchildren. On the other hand, their need to adapt to a continuously changing environment may require that they too must maintain a substantial rate of evolutionary change. As noted by Heraclitus (535-475 BC), 'this universe has not been made by a god or man but has always been, is, and will be an ever-living fire, kindling itself and going out by regular measures. There is nothing permanent but change. Everything flows, nothing stands still'.
